Introduction
Advanced drug delivery systems (DDS) show great potential to improve the efficacy of common drug therapies. As in systemic applications (e.g., orally in the form of pills), the pharmaceutically active compound is often metabolized directly after application, 1 and DDS have been developed to alter and improve the pharmacokinetics and bio-distribution of the loaded drug. 2 By incorporating specific binding ligands, targeted drug delivery becomes possible, reducing unwanted side effects, thus allowing the application of higher doses. At present, most of the FDA approved DDS are based on polymerdrug conjugates (Omontys®), liposomes or micelles (DepoDur®, AmBisome®, Doxyl/Caelix® and DepoCyt®), biodegradable carriers like poly(lactic-co-glycolic acid) (Ozudex®), or proteins, such as monoclonal antibodies (Brentuximab®). 1, 2 Polymers have also been applied to fabricate solid nano-and microspheres, 3, 4 microcapsules, 5 or nano-6 and microgels 7 to temporally and spatially control drug delivery. Microcapsules with a solid polymer shell are signifi-cantly more stable compared to micelles or liposomes. In addition, they have a large internal volume, which can be loaded directly during capsule formation. Due to these beneficial properties, they represent promising vehicles for targeted delivery and release of compounds, not only as DDS in medicine but also in cosmetics and food applications. 8 In contrast to solid particles and capsules, polymers can be crosslinked to form hydrogels. Hydrogels can be swollen with water at high volume fractions, depending on their crosslinking density. [9] [10] [11] When such materials are produced with nano-to micrometer dimensions, they are termed microgels. These soft microgels represent ideal carrier entities for DDSs, as they exhibit unique properties in comparison with hard polymer carriers. The high surface to volume ratio of the polymer network enables them to entrap a large amount of therapeutic molecules, such as carbohydrates, 12 proteins 7 and DNA, 13 which can be loaded via covalent 14 or supramolecular binding. 15 In addition, the incorporation of inorganic species, such as quantum dots and magnetic nanoparticles has also been reported. [16] [17] [18] The microgels can also be modified with recognition ligands to target specific tissues 19, 20 and their chemistry can be fine-tuned to control the release mechanism and kinetics of the loaded drugs. 21 Furthermore, the porous network structure enables diffusion-controlled release of small molecules, which can be further tailored when using degradable microgel networks. The in vitro release kinetics of bioactive compounds from hydrogel networks has been extensively investigated. [22] [23] [24] Depending on the fabrication method, the size of the microgels can be modulated. Standard bulk emulsification or precipitation is mostly applied, resulting in nano-and microgels with diameters in the range of 100 nm to 10 µm. 6, 25, 26 Here, drugs can be loaded during microgel preparation 6 or bound to the network post production via diffusion or coupling. 14, 27 One of the main challenges here is efficient loading of the drug. Loading by diffusion results in a large fraction of the drug remaining in the dispersion medium, often leading to high losses and increased costs. In addition, emulsions produced by stirring result in polydisperse samples with limited control over the essential physical and mechanical particle properties, such as the mesh size and dimensions. 28 These inhomogeneities impede precise temporal control over the release kinetics of the drug molecule.
To better control the release kinetics, core-shell or hollow microgels have been established to entrap the drugs inside the lumen and control their release via the properties of the shell. The most common method to produce these microgel architectures is to apply a template, around which a shell is formed. 29 For these geometries, we can envision only two approaches for loading of drugs into these soft containers: either the drug is already pre-loaded in the template, or the template is dissolved and the hollow lumen is filled with drugs via diffusion. The disadvantage of both approaches remains the low encapsulation efficiency and insufficient control over the release. To improve this, hollow PNIPAM nanogels have been produced by sequentially crosslinking PNIPAM and poly(N-isopropyl metharcylamide) (PNIPMAM) around silica particles, which can dissolve post fabrication. 30 As both PNIPAM and PNIPMAM shells have different lower critical solution temperatures (LCSTs) of 32 and 42°C, respectively, they have the ability to load drugs inside via diffusion when both shells are swollen, while the drugs can be entrapped in the cavity when the temperature is increased between both LCSTs, resulting in a collapse of the inner shell. Here, the drugs are still loaded post fabrication, and the microgels are produced in batch, which may lead to heterogeneous microgel properties.
To produce monodisperse microgels, enhance the encapsulation efficiency, and control their physical and mechanical properties, microfluidic techniques are applied where microgels are prepared in confined volumes. [31] [32] [33] Standard (single emulsion) microfluidic dropmakers have been used for the production of monodisperse particles and microgels from the nano-to the microscale. 34, 35 Inside the microchannels, interfacial and viscous forces dominate over bulk forces and the droplet formation dynamics can be controlled by parameters, such as the flow rates of the fluids, their viscosities, interfacial tension, densities, surface chemistry, and channel geometry. 36 After a microgel precursor-carrying phase is emulsified by an immiscible continuous phase, polymerization and/or crosslinking can be triggered inside the droplets to produce droplet-templated microgels. 35, 37 Using microfluidics for loading active compounds inside the microgels represents a formidable technique to circumvent the above described problems of diffusive loading or loading via a carrier. However, these microgel architectures remain limited in their capacity and temporal control of the release. For example, dextranloaded core-shell microgels consisting of a polyacrylamide core and a PNIPAM shell have been produced via microfluidics. 33 This approach is, however, still restricted, as it requires two polymer components, and limited, as the core of the particle is occupied by microgels.
On the other hand, droplet-based microfluidic techniques can be applied to form double emulsions with high precision and exquisite control over the number and size of the core droplets. 28, 38 This method enables direct loading of a large concentration of drugs inside the lumen and crosslinking of a second phase to form a protective shell, which can retain the drugs and control its release. 21, 39 Currently, double emulsion microfluidics has only been applied to make DDS with solid shells, which release the drug upon breaking. For example, solid microcapsules can be produced using acrylate based monomers, which are cured using a UV initiated crosslinking reaction. 8 However, the degradation products are not biocompatible, obviating their application in biological environments. 40, 41 A biocompatible approach was realized by using polycaprolactone as the capsule shell material, in which proteins were encapsulated. 42 While these approaches are promising in terms of shelf-life, it remains difficult to trigger and control the release of the active compound.
To circumvent the above described problems, a DDS system would ideally be loaded during microfluidic production and consist of a soft and responsive shell. The absence of such a system prevents the translation of high capacity drug carriers into clinical applications. While there are a variety of suitable hydrogel materials available 11, [43] [44] [45] [46] [47] [48] with adjustable mechanical, chemical, and physical properties, there remains a lack of suitable microgel capsule approaches for DDS applications.
In this present study, we develop a double emulsion microfluidic method to produce microgel capsules, where we directly load bioactive molecules inside the cavity during the formation of the microcapsule. The shell is formed by crosslinking 20% (w/w) six-armed acrylated star-shaped poly(ethylene oxide-statpropylene oxide) using a biocompatible photoinitiator with absorption in the UV region. This results in capsules with a soft microgel shell, which can respond to their environment via hydrolysis to facilitate controlled drug release. Bulk hydrogels made with the same polymer composition have previously been reported to have an elastic modulus of approximately 3100 Pa, a swelling degree of about 280%, and a theoretically calculated mesh size of 2.5 nm. 18, 49 In addition, these hydrogels have been shown to be non-cytotoxic. 18, 50 As the shell degrades by breaking the ester bonds, no toxic free acrylates are present in the degradation products. The microfluidic technique applied here allows production of PEG-based microgel capsules with tunable dimensions, shell thickness and density, and degradation rate. We demonstrate the retention and release of fluorescently labelled dextran (MW = 10 kDa) as a proxy for an active component. As we apply a molecularly defined pre-polymer to produce the microgel shell, we have the opportunity to provide a platform of microgel capsules with tailored properties that can precisely control the release kinetics in a temporal manner, depending on the desired application. The microgel capsules reported here can be directly loaded with high concentrations of bioactive molecules during their microfluidic generation. The capsules have the potential for controlled release, while the kinetics can be tuned by varying the properties of the synthetic hydrogel shell. The capsules can be produced with tailored dimensions and shell thickness, and are synthesized in a monodisperse manner due to the microfluidic fabrication method.
Results and discussion
To form the microfluidic reactor, we use glass capillary technology, where tapered capillaries with a round cross-section are aligned inside a square capillary with an inner diameter slightly larger than the outer diameter of the round glass capillaries, using established protocols (see Fig. 1B ). 51 (The diameters of the tapered orifices of the small and big round capillaries are between 50 and 60 µm and between 200 and 225 µm, respectively, the inner diameter of the square capillary is 205 µm, and the distance between the two tapered orifices is between 50 and 110 µm.) We produce water-in-oil-in-water (W/O/W) emulsions by connecting the respective liquids to the dedicated inlets of the device and we drive the liquids using syringe pumps. The inner, middle, and outer phases are composed of PBS with 2% (w/w) Tween 80, toluene with 5% (w/w) Span 80, and water with 2% (w/w) Tween 80, respectively. To the middle toluene phase, we add an acrylate-functionalized six-armed star-shaped poly(ethylene oxide-stat-propylene oxide) (sPEG-A) pre-polymer with a molecular weight of 3 kDa. We also admix a radical photoinitiator (9% (w/w) Irgacure® 1173), which is activated by exposure to a UV emitting lamp (λ em = 254/366 nm) ( Fig. 1A and B ). Movie 1 in the ESI † shows the microfluidic device producing W/O/W double emulsions that are crosslinked downstream.
We manipulate the double emulsion formation by fixing the flow rates of the outer phase (Q o ) at 10 mL h −1 and the middle phase (Q m ) at 2 mL h −1 , and varying the flow rate of the inner phase (Q i ). With these settings, we can modify the oil shell thickness of the formed double emulsion droplets while maintaining the overall double emulsion size relatively constant. To investigate these conditions, we use two fluidic systems: a model fluidic system consisting of the aforementioned liquid phases in the absence of pre-polymer, and a system containing a non-reactive sPEG-OH pre-polymer (MW = 3 kDa) to simulate the viscosity of the real sPEG-A loaded oil phase we apply further. Upon decreasing Q i from 2 mL h −1 to 1 mL h −1 , the shell thickness of the model fluidic system double emulsions increases from 10.5 to 17.3 µm, while the overall droplet size remains relatively constant (see Fig. 2A ). When using the non-reactive pre-polymer solution, the increased viscosity (2.224 mPa s versus the pre-polymer free solution at 0.664 mPa s) leads to a shell thickness window of 9.9 to 18.9 µm. The shell thickness (Ø shell ) of the double emulsion droplets is determined by measuring the outer diameter of the droplet (D o ), subtracting the diameter of the inner droplet (D i ), and dividing this value by half. Similar ranges of flow rates have been reported before. 52 In a second experiment to control the droplet dimensions, a glass capillary device is used where the outer flow rate (Q o ) is varied, while keeping the middle (Q m ) and inner (Q i ) flow rates constant at 4 and 1.5 mL h −1 , respectively. With this configuration, we are able to tune the overall droplet size (from 178.6 to 210.0 µm) while maintaining the shell thickness constant (see Fig. 2B ). Reducing the flow rates by half while keeping their ratio constant leads to an unstable system, which does not produce double emulsion droplets. In addition, higher flow rates result in jet formation and downstream turbulences, also forbidding the generation of monodisperse double emulsion droplets.
After successfully demonstrating the formation of double emulsion droplets, and the ability to control their size and shell thickness, the middle fluidic phase is exchanged to the reactive sPEG-A pre-polymer solution to generate microgel capsules. This pre-polymer solution contains 20% (w/w) sPEG-A and 9% (w/w) Irgacure® 1173 in toluene. A UV emitting lamp (λ em = 254/366 nm) is applied for crosslinking to allow complete polymerization of the microgels within the short residence time in the microfluidic device. The double emulsion droplets are polymerized downstream in the tubing guiding the double emulsion away from the microfluidic chip. The obtained crosslinked monodisperse microgel capsules are shown in Fig. 1B . Small dots in the center of microgels appear due to their contact with the glass slide.
The microgel capsules are sequentially purified by evaporation of toluene and washing with water, isopropanol, and 1× PBS to remove traces of toluene and excess surfactant. After collection, the microgel capsules cream due to the low density of the remaining toluene in the middle phase. Upon removal of the toluene the microgels settle to the bottom of the collection vial over the course of 9 days (Fig. 3A) . The purification is done in a much shorter time frame of approximately 1 hour via multiple centrifugation steps, after which the microgel capsules are still stable and remain monodisperse, as shown in Fig. 1B . The microgel capsules are stored at 5°C and show no change in their macroscopic structure over the course of at least two weeks. To minimize microgel attachment to the inner surface of the tubing, low protein binding tubes are used. The robustness of the microgel capsules is verified by centrifugation at 12 000 rpm for 20 minutes, after which the majority of the microgel capsules remain intact. Unlike solid capsules, the microgel capsules are also resistant towards sonication at 120 W. Only with the application of strong mechanical stress, for example by pressing two glass slides together, the microgel capsules break (Fig. 1B, inset) .
To determine the degree of swelling, the microgel capsules are dried and then again dissolved in water. The shell diameter is monitored over time upon swelling (see Fig. 3B ). As the dried microgel capsules stick to the glass surface, they tend to flatten. The resulting oblate shape can be compared to the form of a red blood cell. During re-swelling, the microgel capsules show a fast increase in their diameters during the first thirty seconds. This steep increase is caused by the uptake of water molecules due to the hydrophilic character of the PEG shells 53 and represents the fast uptake of total bound water. Water then infuses into the meshes of the hydrogel due to osmotic pressure, swelling the shell to its maximum, which is reached when the polymer chains attain their maximum extension lengths. This fast process is followed by water slowly migrating through the hydrogel network to fill up the inner hollow core of the microgels. In this case, no molecular interactions enhance the process and therefore the migration is slow compared to the first swelling. After 30 seconds, a slow decrease in the diameter of the microgel capsules is observed, as the microgels transition from a flat oblate shape to 3D spherical microgel capsules. This process can be observed in Fig. 3B , and in Movie 2 in the ESI. † Between 40 and 330 seconds, the outer diameter of the microgel capsules is increased by 12 µm, enhancing the total diameter by a factor of 1.2.
For more detailed insight into the structure of the microgel capsules, cryo-surface electron microscopy (cryo-SEM) is performed. The advantage of the cryo-SEM technique is that it allows investigating the structure of microgel capsules without altering the native shape and morphology. As a result, the three dimensional structure of the microgel capsules can be imaged as if they are swollen in water. During imaging, the vitrified water can be sublimated, revealing the naked polymer structure (see Fig. 4A and B) . The shell thickness after 10 minutes of sublimation varies between 10 and 20 µm for the observed microgel capsules in Fig. 4A , which is consistent with the measured shell thicknesses for microgel capsules in Fig. 2A . The structure of the microgel shell is found to be highly porous. To also visualize the three-dimensional geometry of the microgel capsules, sublimation times are increased to 25 minutes to remove larger parts of the vitrified ice matrix (see Fig. 4C ). All three microgels clearly show the empty microcapsule void. The pores in the shell of the microgel capsules appear larger than their real dimensions due to a typical artifact, which occurs during cooling and drying to prepare the sample for SEM imaging. During freezing, ice crystals form in the hydrogel structure, which push away the polymer chains and produce a porous structure. We hypothesize that the polymer strings, visible in the void, result from residual stabilizer or non-crosslinked sPEG-acrylate, as the strings are aligned with the direction of the ice crystals.
To demonstrate the encapsulation capability of the microgel capsules, a 10 kDa fluorescein functionalized (FITC) dextran (λ abs = 492 nm, λ em = 518 nm) is chosen to serve as a biological proxy. Fluorescently labelled dextran is available in a broad range of molecular weights and is often used to simulate the permeation and diffusion behaviour of biomolecules. 42 10 kDa FITC-dextran remains inside our microgel capsules after all the previously described purification steps ( Fig. 5A and B) , proving that the mesh size of the microgel capsule, resulting from crosslinking of the 3 kDa sPEG precursor, is small enough to retain the dextran molecules. The differences in fluorescence intensity of the microgel capsules in Fig. 5B and D are due to the fact that not all microgels are in focus during fluorescence microscopy. Monitoring the sample over nine days shows that dextran molecules are partly retained inside the microgel capsules, with an increase in fluorescence in the shell after 9 days. This is concomitant with a decrease in the fluorescence in the core, indicating that dextran diffuses through the microgel network, most likely supported by the hydrolysis of the ester bonds present in the hydrogel network 50 (see Fig. 5C and D) . In order to analyze the dextran distribution inside the microgel capsules, the distribution of the fluorescence signal intensity is analyzed across their diameter. Here, the fluorescence signal is related to the integral of all signals per microgel capsule, and normalized over the distance from the center of the microgel capsule. These results reveal a clear difference in dextran distribution, with a bell-shaped curve at day 0 and a maximal intensity in the center of the capsule, and two significant peaks at the location of the microgel shell at day 9 (Fig. 5G ). This indicates that the generated microgel capsules can be applied to encapsulate biomolecules with size equal to or larger than the tested 10 kDa FITC-dextran with a hydrodynamic radius of 2.36 nm. 54 The versatile fabrication method of the microgel capsules enables loading of differently sized biomolecules and, depending on the polymer composition of the shell, can control the release rate via the thickness and density of the shell and the network degradation rate.
Conclusions
We demonstrate a method for the production of microgel capsules and concomitant loading with biomolecules, actives, or drugs using microfluidics. Biomolecules can be retained by the small network mesh size and are released after hydrolysis of the network. While this study clearly indicates the high potential of microgel capsules for the loading and release of biomolecules, the effect of size dependent diffusion through the microgel network and the contribution of hydrolysis to degrading the molecular network will be further investigated. In the future, such porous microgel capsules with controlled mesh sizes and potential hydrolytic or light-induced degradation will enable precise delivery of actives for drug delivery, agriculture, and cosmetics.
Experimental section

Materials
Round capillaries (borosilicate, outer diameter 1.0 mm, inner diameter 0.58 mm, Hilgenberg, Malsfeld, Germany); square capillaries (borosilicate, outer diameter 1.5 mm, inner diameter 1.22 mm, Hilgenberg, Malsfeld, Germany); epoxy resin two-component glue (Wiko, Gluetec, Greußenheim, Germany); a fine bore polyethylene (PE) tube (inner diameter: 0.86 mm, outer diameter: 1.52 mm, Portex, smiths-medical, Minnesota, U.S.A.); trimethoxy(octyl)silane (TMOS) (Sigma-Aldrich, Germany); Microlance 3 (20G × 1″, 0.9 × 25 mm) needles.
Microfluidic experiments
Six-armed star-shaped poly(ethylene oxide-stat-propylene oxide) (sPEG-OH) was synthesized from a sorbitol core with a molecular weight of 3 kDa (CHT R. Beitlich GmbH); sPEG-OH was modified with acrylate groups as described before; 55 fluorescein isothiocyanate-dextran (FTIC-dextran, MW = 10 kDa, TCI); phosphate buffered saline, pH 7.2 (PBS, Lonza); 2-hydroxy-2-methylpropiophenone (Irgacure® 1173, BASF); isopropanol (ACS reagent, w ≥ 99.5, Sigma-Aldrich); Tween 80 (Sigma-Aldrich); Span 80 (Sigma-Aldrich), toluene (w = 98%, VWR).
Methods
Microfluidic device production. Glass capillary devices are designed according to an adapted version of Utada et al. 51 Round glass capillaries are pulled using an electrical capillary puller (PC10, Narishige, Tokyo, Japan). Inlet and outlet capillaries are formed with 1500-grid sandpaper and a micro forge (Micro Forge, MF-900, Narishige, Tokyo, Japan), equipped with a hot platinum wire to shape the edges of the inlets and outlets after grinding. The inlet capillaries are dip-coated in trimethoxy(octyl)silane to render the glass surfaces hydrophobic. After dipping for twenty minutes, excess silane is removed with ethanol and the capillary heated at 80°C for 30 minutes. To assemble the device, the round capillaries are put into a square capillary and placed on a microscope glass slide. To fix the capillaries and form inlet and outlet holes for the device, syringe needles with openings at their bottom are glued onto the microscope glass slide and the capillaries, applying epoxy-resin two-component glue.
General workflow for microfluidic devices. Microfluidic experiments are conducted on a microfluidic system consisting of three syringe pumps (PHD Ultra, Harvard Apparatus, Holiston, U.S.A.), to control the flow rates of the three different phases. An inverted microscope (Motic AE2000, TED PELLA, INC., Redding, CA) equipped with a camera (Flea3, Point Grey, Richmond, CA) is applied to image droplet formation. The glass capillary microfluidic device is connected to the system using fine bore polyethylene tubing (0.86 mm inner diameter, 1.52 mm outer diameter). The following liquid phases shown in Table 1 are used in this project. To save material, the viscosity of the reactive 3 kDa sPEG-A phase is assumed to be similar to that of the non-reactive sPEG-OH at the same concentration.
On-chip polymerization. In order to polymerize the shell of the double emulsion droplets, the following middle oil phase is used: 20% (w/w) 6-armed sPEG-A in toluene and 9% (w/w) Irgacure® 1173. The double emulsion droplets are guided out of the microfluidic device using polyethylene tubing and exposed to UV light throughout 8-10 cm of the tube for approximately 5-15 seconds, depending on the applied flow rates. The microgel capsules are collected in a solution of the same composition as the outer phase (water + 2% (w/w) Tween 80).
Microgel capsules purification. Microgel capsules are purified by centrifugation, followed by solvent exchange. First, the synthesized microgel capsules are centrifuged at 5000 rpm for 20 minutes (Minispin, Eppendorf, Hamburg, Germany). The supernatant is replaced by fresh deionized water and centrifuged again with the same parameters. Next, the solvent is exchanged three times with isopropanol and centrifuged at 5000 rpm for 5 minutes. In a last step, isopropanol is exchanged with a 0.01 M PBS ( phosphate buffered saline, pH 7.2) solution in two centrifugation steps at 5000 rpm for 15 minutes.
Cryo-field emission scanning electron microscopy. Structural analysis of the microgel capsules is conducted on a field emission scanning electron microscope (SU-4800, Hitachi, Tokyo, Japan). 10 µL of purified aqueous microgel capsule samples are placed on a Cryo-FESEM rivet and frozen in nitrogen cooled liquid ethane. To visualize the hollow spherical structure of the microgel capsules, a scalpel is used to break the sample on the rivet before transferring the sample to the FESEM. Water is sublimated at −80°C for up to 25 minutes to reveal the microgel capsules structure.
Encapsulation of FITC-labelled dextran. To show the encapsulation of macromolecules, a 0.01% (w/w) FITC-dextran (MW = 10 kDa) solution in 1× PBS is filtered using a 1.2 µm syringe filter (Chromafil Xtra PET 120/25, MT, Düren, Germany). The FITC-dextran is applied as the inner aqueous phase during the double emulsion process to encapsulate it inside the microgel capsules. After polymerization, the microgel capsules are purified and images are taken using a fluorescence microscope at day 0 and 9 (Observer.Z1, Zeiss, Jena, Germany).
Quantification of the FITC-labelled dextran distribution inside the microgel capsule. The distribution of the fluorescence signal across the diameter of the microgel capsule is analyzed using the ImageJ "Plot Profile" function. Grey values per pixel and size are normalized for each microgel capsule. For day 0, 53 microgel capsules are analyzed, and for day 9, 28 are analyzed. Afterwards, the curve averages and the respective standard deviation are calculated using the OriginLab "avecurves" function.
Rheology. Rheology measurements of the fluidic phases applied during microfluidic experiments are conducted on a rheometer (TA Instruments HR-3 rheometer PHR3, Waters, Milford, U.S.A.), equipped with a concentric cylinder geometry. A linear flow sweep program is run from 0.1 to 100 s −1 . An increment of 10.0 s −1 is used. Measurements are done at 25°C. The standard sample volume is 12 mL. Viscosity values are taken at 100 s −1 . funding from the European Union's Horizon 2020 research and innovation programme under Marie Skłodowska-Curie grant agreement no. 642687 and the Deutsche Forschungsgemeinschaft (DFG) within the SFB 985 "Functional Microgels and Microgel Systems" ( projects C3 and B5). This work was performed in part at the Center for Chemical Polymer Technology (CPT), which was supported by the EU and the federal state of North Rhine-Westphalia (grant EFRE 30 00 883 02). 
